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Summary
Bacteria in their natural environment constantly interact with their local microhabitat
and with other cells in their vicinity. In this work we considered cell adhesion, chemotaxis
and bacterial communication, since all of these phenomena significantly contribute to
biofilm formation and bacterial infections.
We studied the swimming motion of Escherichia coli (E. coli ) cells near microfabricated pillars of variable size, and showed that bacterial cells are hydrodynamically
trapped by convex walls of sufficiently low curvature. We found that entrapment was
markedly reduced below a characteristic radius of curvature. Our results demonstrate
the possibility of inhibiting cell adhesion, and thus biofilm formation, using convex features of appropriate curvature.
We used microfluidic devices to investigate how solid boundaries influence the
motility patterns of flagellated swimming bacteria in high-density cultures. Using microfabricated chambers, we were able to control and stabilize the observed swimming
patterns. Our results suggest that the physical features of the environment have strong
e↵ects on the swimming behavior of motile bacteria.
We constructed a flow-free microfluidic platform to study the chemotactic behavior of E. coli towards bacterial communication signals. We studied the e↵ect of quorum
sensing signal molecules of Pseudomonas aeruginosa (P. aeruginosa) on E. coli chemotaxis. Our results show that N-(3-oxododecanoyl)-homoserine lactone (oxo-C12-HSL)
and N-(butyryl)-homoserine lactone (C4-HSL) are attractants. Furthermore, we tested
the chemoe↵ector potential of pyocyanin and pyoverdines, secondary metabolites under a
quorum sensing control. We found that pyocyanin is a weak attractant, while pyoverdines
are repellents for E. coli.
We also demonstrated the usability of our novel gradient generator device in coculturing experiments. We found that biochemical interactions between adjacent E. coli
populations, and P. aeruginosa and E. coli populations resulted in dynamic spatial rearrangements and modulated surface adhesion of bacteria, and we showed that chemotaxis
and likely intercellular signaling played a fundamental role in these phenomena.
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Chapter 1
Introduction
1.1

Bacterial motility

Since Anthony van Leeuwenhoek first saw and described bacteria in 1676, we have collected a considerable amount of knowledge about the elaborate world of these single cell
organisms. Without bacteria, the astonishing biological diversity of Earth would not be
possible. Cyanobacteria had a crucial role in the process of oxygenation of the atmosphere and the formation of the ozone layer, which enabled the various ancient life forms
to migrate onto the mainlands [1]. Beside the immense influence on the ecosystem of our
planet [2], bacteria have a fundamental impact on human health [3].
Microbes can form complex functional communities through vivid physical and
biochemical interactions with their microenvironment and other cells, which can lead to
amazingly complex social behavior that often resembles multicellularity [4]. To understand these structured, functional microbial communities, we should study the physical
and biochemical cell-cell and cell-habitat interactions on the single cell and population
level.
In their natural environment bacteria often encounter physical confinements and
heterogenous distribution of chemical compounds. Motility o↵ers a great advantage in
these conditions, as self-propelled bacteria are able to move towards favorable habitats,
even if the chemical composition of their environment is constantly changing.
The physics of motility of a microorganism in aqueous media is fundamentally
di↵erent from the physics on the macro scale [5]. When an object is moving in viscous
1
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fluid, the Reynolds number (Re) shows the ratio of the inertial forces to the viscous forces:
Re =

inertial forces
lv⇢
=
viscous forces
µ

(1.1)

where, l is the characteristic linear dimension of the object, v is the mean velocity compared to the fluid, ⇢ is the fluid density and µ is the dynamic viscosity of the fluid. If
we substitute the characteristic values for an ordinary rod shaped bacteria, which is approximately 1 µm in diameter and 2 µm long, swimming in water at an average speed
of 25 µm/s, we gain that Re ⇠10 5 . This means that microorganisms are living in low
Reynolds number regimes, where viscous forces dominate, and inertial e↵ects are negligible. When the propulsion of a bacterial cell ceases, there is no coasting in the fluid, the
cell stops practically immediately.
Bacteria developed di↵erent types of swimming motility to move around their
viscous drag-dominated world. Many motile bacteria use flagella to propel themselves.
These are long (10–12 µm) and thin (20 nm) filaments protruding from the cellular
membrane. Based on the number and arrangement of the flagellar filaments, we can
distinguish polar monotrichous, multitrichous and lophotrichous bacteria, with one or
more flagella at one or both poles of the cell body, and non-polar peritrichously flagellated
bacteria, such as Escherichia coli (E. coli)[6]. There are also bacteria that can swim
without external flagellar filaments such as Spirochetes [7], where the flagella are inside
the periplasmic space, between the inner and outer membrane, and the rotation of the
flagella compel the whole helical cell body to rotate and propel the cell forward. Bacteria
also developed forms of motility on solid or semisolid surfaces, such as swarming, twitching
and gliding [8]. Out of these various and diverse modes of motion we are concerned with
flagellar swimming motility of E. coli, one of the most examined and illustrious model
organism of bacterial motility [9].
E. coli is a rod-shaped peritrichously flagellated bacterium. Each flagellum is connected to a molecular motor in the cell membrane by a hook, a flexible protein structure
(Fig. 1.1(a)) [10]. The flexible hook and the more rigid helical flagellum are polymers
of single polypeptides, formed by hook protein (FlgE) and flagellin (FliC) respectively.
Structures of the flagellar supramolecular complex embedded in the cell wall form the
basal body that includes four rings (C, MS, P and L) and a rod. The torque, that is

Introduction

3

necessary for the propulsion of the cell is generated by the MotA and MotB proteins,
which are attached to the inner membrane with transmembrane helical segments. These
proteins are arranged around the MS- and the C-rings. MotA is on the cytoplasmic side of
the inner membrane while MotB, anchored to MotA, is mainly located in the periplasmic
space [11]. The energy source of the bacterial flagellar rotary motor is the transmembrane electrochemical gradient [12, 13]. It has been shown that the rotational speed of the
flagella is directly proportional to the proton motive force under physiological conditions
[14].

(a)

(b)

©2006 by National Academy of Sciences

Figure 1.1: (a) A cartoon of the key structural components involved in torque generation in a bacterial flagellar motor (From Xing et al. PNAS 2006, 103(5):1260). (b)
Schematic representation of the “run and tumble” type swimming motility of E. coli.

When the motors rotate counterclockwise the intrinsically left-handed helical filaments form a flagellar bundle that propels the cell forward very e↵ectively. This straight
swimming motion is called the “run”. The average duration of a run is 1–2 seconds. If the
rotational direction of any rotary motor is switched to clockwise, the corresponding flagellum would disintegrate from the bundle and undergo a “polymorphic” transformation,
when the handedness and the wavelength of the filament changes. This event stops the
cell and provides an opportunity to change the swimming direction due to random rotation: the cell “tumbles”. These tumbling events are immediate (⇠ 0.1 s). The tumbling
has a slight forward bias, the mean value of the angle of rotation during a tumble is 62 ,
instead of 90 [15]. This can be caused by the often incomplete dispersal of the flagellar
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bundle. This so-called “run and tumble” motion is eventually a three dimensional random
walk [16], that enables bacteria to e↵ectively explore their environment(Fig. 1.1(b)).
The random bacterial swimming motility can be a↵ected by numerous environmental stimuli [17–23]. In the following sections we shortly review some of those important
physical, chemical and biological interactions with the local environment that can profoundly influence bacterial swimming behavior.

1.2

Physical interactions with solid boundaries and
other cells

Physical and hydrodynamic interactions with the local environment and adjacent cells can
profoundly influence bacterial swimming motility. In the next sections we briefly overview
this topic and point out two interesting phenomena: accumulation of microorganisms near
solid surfaces and emerging swimming patterns in high-density bacterial cultures.

1.2.1

Hydrodynamic interactions with solid surfaces

Bacterial habitats are often confined by physical boundaries. Collisions with these solid
confinements can a↵ect bacterial swimming behavior [24–28]. It has been observed that
swimming bacteria are attracted to solid surfaces, and this phenomenon results in a
notable cellular accumulation near solid boundaries [26, 29–32].
Using a tracking microscope, Frymier et al. observed an apparent tendency of bacteria to swim adjacent to solid surfaces, and decreased swimming speed in the vicinity of
a surface [31]. The authors applied the Derjaguin-Landau-Verwey-Overbeek (DLVO) theory to the observed near-surface bacterial motion. This theory describes the interactions
between colloidal particles by combining attractive van der Waals forces with repulsive
electrostatic forces [33]. The observations were attributed to an emerging, overall attractive interaction potential between the bacterial cell body and the solid surface.
Further studies found that the observed accumulation of bacteria was not consistent with the predictions of DLVO theory [32]. The separation between a swimming
cell body and a solid surface is greater than the expected range of electrostatic and van
der Waals interactions, that act over tens of nanometers. Later it was proposed, that
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while DLVO forces could be responsible for irreversible adhesion of bacteria to solid surfaces, the observed wall entrapment during swimming may have a purely hydrodynamic
origin [34, 35]. Hydrodynamic e↵ects can give rise to wall entrapment via two di↵erent mechanisms. Vigeant et al. proposed that when a bacterium swims next to a wall,
a hydrodynamic torque would arise from the anisotropic shape of the cell body. This
would tilt the bacterium towards the surface and compel the cell to follow the wall for
an extended period of time. This way the cell would swim along the wall with an orientation that is not parallel to the surface. A cell that follows a solid surface would
“wobble” about its equilibrium orientation, which originates mostly from the rotation of
the flagellar bundle. This “wobbling” along with the rotational Brownian motion would
eventually allow the cell to escape. In a fundamentally di↵erent approach of this problem
Berke et al. estimated the flow field around a swimming flagellated microorganism using
a force dipole approximation. The authors showed that purely long-range hydrodynamic
interactions give rise the reorientation of a bacterial cell body parallel to a solid wall,
which would lead to a subsequent wall entrapment [35].
More recently the role of hydrodynamic interactions has been questioned [36, 37].
It was suggested that collisions with a solid wall, which redirect the orientation of the
cells parallel to the surface, and the e↵ect of rotational Brownian motion are enough to
reproduce the observed accumulation of bacteria in the proximity of solid walls.
Despite the extensive theoretical and numerous experimental works in the hydrodynamics of bacterial swimming, a straightforward, unambiguous and direct identification
of the main mechanism responsible for wall entrapment is still lacking. All the existing
models capture di↵erent aspects of the problem, and they are all capable of justifying the
accumulation e↵ects observed at flat walls.
Besides the importance of understanding the hydrodynamics of bacterial swimming, cell-surface interactions have a substantial biological importance [28]. Biofilms
are multicellular (and often multispecies) communities, that develop on surfaces such
as rocks, soil particles, teeth, industrial pipelines and catethers [38–41]. Surface colonization by biofilm-forming bacteria is initiated by contact and adhesion to the surface
[25, 42, 43], in which hydrodynamic trapping can play a crucial role. The subsequent
biofilm growth can cause highly resistant bacterial infections on medical implants and
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catheters, or impaired industrial equipment [44–49]. The potential benefits of preventing biofilm formation point out the practical significance of understanding the physical
mechanisms behind cell-surface interactions.

1.2.2

Physical interactions between swimming bacteria

Interactions between individuals in a group of organisms often lead to the emergence
of new patterns of behavior. Such interactions on the most fundamental level can lead
to the synchronization of magnitude and direction of the velocity of moving individual
organisms. Emerging patterns of collective motion can be found in the living world on
a wide range of scale and complexity: from the building blocks of the cytoskeleton of
eukaryotic cells [50], to high-density cultures of microorganisms [51–53], to schools of fish
and flocks of birds [54, 55].
The first experimental description and characterization of organized swimming
patterns of bacteria was given about fifteen years ago [52], when emergence of shortlived jets and whirls were observed in a thin liquid film of Bacillus subtilis colonies
on agar plates. Mendelson et al. used micron-sized beads to probe the fluid flow and
characterize the swimming patterns. The authors deducted that the development of the
colony structure was essentially influenced by cell motility. These observations inspired
several subsequent experiments to reveal the fundamental physical and hydrodynamical
interactions that govern the synchronization of the swimming behavior of bacteria in
high-density cultures.
Self-concentration of Bacillus subtilis cells and large-scale coherent patterns were
also observed in fluid droplets by Dombrowski et al. [53]. The local increase of concentration of cells and the formation of well-defined swimming patterns were connected with
buoyancy e↵ects, oxygen consumption and chemotaxis towards oxygen-rich regions. The
authors also showed that the collective motion of microorganisms emerged due to purely
hydrodynamic interactions between the cells and the surrounding fluid. The synchronization of active motion of bacteria leads to the enhancement of di↵usion as it has been
shown both in quasi 2D (thin films) and 3D (droplet) samples [56–58]. This can provide
several benefits for the whole population (e.g. better nutrient availability or faster biochemical signal propagation). Sokolov et al. studied the spatial scale of self-organization
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in bacterial suspensions and found a gradual increase in spatial correlation length with
increasing bacterial density [59].

©2010 by National Academy of Sciences

Figure 1.2: Bacterial driven micromotor. A nanofabricated asymmetric gear (48 µm
external diameter) rotates clockwise at 1 rpm when immersed in an active bath of
motile E. coli cells. (From Di Leonardo et al. PNAS 2010, 107(21):9521)

Beside the extensive fundamental experimental and theoretical work [60–64] on
the physics of the collective swimming behavior in high-density bacterial cultures, engineering applications have also started to appear. A numerical simulation predicted that
swimming bacteria are able to rotate microscopic wheels [65]. A year later, experiments
proved the simulation and its derived model right (Fig. 1.2) [66]. Furthermore, an efficient rotation e↵ect was seen with synchronously swimming bacteria [67]. Kasher et al.
used microfluidic devices to study the possible applications of exploiting the motility of
swimming E. coli cells to drive currents in well-designed microengineered environments
[68]. These results foretell that we are on the way towards developing and implementing
of microfluidic devices powered by microorganisms [66, 67].

1.3

E↵ects of environmental signals on bacterial swimming

In their natural habitat, bacteria can sense and respond to a vast range of environmental
signals such as the intensity of light, nutrients, pH, temperature, osmolarity and oxygen
levels [17, 18, 21–23]. Using an elaborate chemosensory system, bacteria often respond to
chemical environmental clues by changing their swimming motility patterns via chemotaxis [9, 18].
On the other hand, the past decades revealed a new group of very important
chemical clues for bacteria: small secreted communication signals, that profoundly a↵ect
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the behavior of microbial communities. This bacterial communication phenomenon is
called quorum sensing because the concentration of the secreted signal molecules, which
is proportional to the local cell density, must reach a minimal threshold level in order to
elicit an appropriate response [69, 70].
In the following parts I shortly outline these two important biological processes,
chemotaxis and quorum sensing, and raise the question if there are any direct interactions
between these two phenomena.

1.3.1

Chemotaxis

Through chemotaxis, bacteria are able to detect concentration gradients of chemoe↵ector
molecules and change their motile behavior according to the perceived temporal changes
in the chemoe↵ector concentration [9, 18, 71]. In the presence of a spatial gradient of
chemoe↵ectors, a temporal bias is introduced to the originally random walk-type bacterial
swimming motility. As a result, bacteria tend to swim towards favorable environmental
conditions such as higher attractant and lower repellent concentrations.
The detection of chemoe↵ector molecules in E. coli is mediated by cytoplasmic
membrane receptors: methyl-accepting chemotaxis proteins (MCPs). There are five
known chemotaxis sensors. The two major receptors, Tar and Tsr, are detecting mainly
aspartate and serine, respectively. Out of the three other minor receptors, Tap is devoted
to dipeptides, Trg to ribose and galactose, and Aer to redox potential [72]. The chemoreceptors tend to cluster at the poles of the cell body, and the function of the minor receptor
complexes is dependent on their interaction with the Tar and Tsr receptors [73, 74]. The
detection of the di↵erences in the chemoe↵ector concentrations in the local environment
is based on temporal comparisons [9]. E. coli is able to sense chemoe↵ector concentration
gradients through 10 orders of magnitude via an adaptation process, which is mediated
by methylation of glutamate sidechains on the receptor proteins [75].
In the chemosensory system the conversion of the environmental stimuli to a
chemotaxis response is based on protein phosphorylation (Fig. 1.3) [76]. A histidine
kinase (CheA) with a coupling protein (CheW) and a response regulator protein (CheY)
is connected to the chemoreceptors. The kinase activity of CheA is modulated by ligand
binding and the methylation level of the chemoreceptors [77, 78]. Binding repellents to
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the chemotaxis receptors increases the kinase activity of CheA. CheA in its active state
can phosphorylate two response regulators, CheY, a small cytoplasmic regulator protein,
and CheB, a methylesterase, that can demethylate the chemotaxis receptor proteins.

+ CH3 Che-R

Receptor
Receptor

Che-W

Che-A

- CH3 Che-B

P

P

Che-Y
Che-Z

Che-Y

P

Figure 1.3: Schematic representation of the main components of the chemosensory
pathway of E. coli.

When CheY is phosphorylated, a subsequent conformational change would allow
Che-Y-P to bind to a flagellar motor and initiate a switch in the direction of rotation
[79, 80]. As the default rotational direction is counterclockwise, this switch causes the
disintegration of the flagellar bundle. The cell can change its swimming direction. To
make sure that CheY-P does not a↵ect the flagellar motor for too long after the detection
of repellent molecules (making the chemotactic response very accurate), CheZ dephosphorylates CheY-P in the cytoplasm [81]. On a parallel regulatory pathway the active
CheA activates the demethylation of the MCP-s, through the phosphorylation of CheB.
As the receptor proteins in a methylated form stimulate the CheA kinase activity, this
CheA triggered demethylation helps to decrease the activity of CheA, serving as a negative feedback loop that allows the adaptation of the phosphorelay system to repellent
stimuli [82, 83]. On the other hand, during attractant binding the kinase activity of CheA
is reduced. The subsequent reduced phosphorylation of CheY does not cause changes in
the rotation of the flagellar motor, no “tumbles” are initiated for a while, and “runs” are
lengthened. Meanwhile, the reduced phosphorylation of CheB allows a specific methyltransferase CheR to undisturbedly methylate the MCP-s, which leads to an increased
activity of CheA, and a subsequent adaptation to the attractant stimuli.

Introduction

10

In other words E. coli lengthen runs if currently swimming in an increasing attractant gradient, which helps it to find beneficial conditions. On the other hand, when a
repellent concentration increases, there is no enhancement in tumbling rate, purely random walk is executed. As Howard C. Berg poetically expressed his thoughts about the
chemotaxis response of E. coli [9]: “ ... if life gets better, E. coli swims farther on the
current leg of its track and enjoys it more. If life gets worse, it just relaxes back to its
normal mode of behavior. E. coli is an optimist.”
Motility and chemotaxis are common phenomena in the microbial world, and they
can provide significant advantage to bacteria in various environmental conditions and biological processes. Nitrogen fixating bacteria are guided by their chemosensory system to
find the optimal living conditions around legume root hairs [84]. Bacteria in the oceans
use their chemotactic ability to e↵ectively utilize transient nutrient sources [85]. Bioremediation by bacteria is often facilitated by chemotaxis [86]. Furthermore, chemotaxis
also plays an important role in colonization and pathogenic bacterial infections [87–91].

1.3.2

Quorum sensing

By using quorum sensing, bacteria can coordinate their gene expression patterns on the
population level in relation to the communication signal concentration in their local environment, which refers to the actual cell density [92]. At the beginning, this densitydependent gene regulation seemed to be a unique feature of a few bacterial species, but
later it was found that quorum sensing is a very common phenomenon in the microbial
world. Multiple quorum sensing circuits and corresponding signaling molecules have been
identified in di↵erent bacteria [69, 70].
Gram-negative bacteria utilize acyl-homoserine lactons (AHLs) as signal molecules,
synthesized by a LuxI-type enzyme. AHLs can freely di↵use through the cell membrane
and accumulate in the extracellular as well as in the cytoplamic space. When a signal
molecule binds to its cognate receptor, a LuxR-type protein, the LuxR-AHL complex
binds to the promoter regions of the genes under quorum sensing control, and actives
transcription (Fig. 1.4) [93]. On the other hand, Gram-positive bacteria use short peptides as communication signals, which requires an active transport system to export the
signal molecules from the cytoplasm, and transmembrane receptor proteins to detect
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these extracellular signals. The signal transduction occurs through a phosphorylation
cascade, which activates a DNA binding protein to regulate the target gene expression
[92]. There are several bacterial species that facilitate their quorum sensing gene control
via the integration of multiple communication signals [94].
(a)

(b)
AHL signal
molecules

AHL signal
molecules

Lux-I

Lux-R

Target genes

Lux-I

Lux-R
Target genes

Figure 1.4: Quorum sensing system in Gram–negative bacteria. (a) At low signal
molecule concentration no response is elicited. (b) At high signal molecule concentration (above a threshold level) the Lux-R type receptor-signal complex activates the
transcription of the target genes.

Many bacterial species use the AI-2 signal molecule (a furanosyl borate diester),
which is thereby considered as an interspecies communication signal [95]. The chemical
vocabulary of bacteria contains numerous other molecules, with di↵erent chemical properties. Streptomycetes use gamma-butyrolactones as communication signals [96] and P.
aeruginosa uses 3,4-dihydroxy-2-heptylquinolone or PQS (Pseudomonas Quinolone Signal) in addition to its AHL signals [97]. It was also shown that 3-OH palmitic acid
methyl esters can act as communication signals [98], and the role of cyclic dipeptides was
described in the communication of Gram-negative bacteria [99].
These signals can trigger a wide range of important biological mechanisms, such as
biofilm formation, virulence, sporulation, antibiotic resistance, colony formation, exoenzyme production, cell di↵erentiation, and antibiotic production [100–103], by coordinating
the gene expression patterns of the whole bacterial population.
Most Gram-negative bacterial species with a quorum sensing system produce a
characteristic set of AHLs. These chemicals are mainly treated in the literature as intraspecies communication signals. Nevertheless, it has been proved that other species are
able to sense and respond to them as well. For example, SdiA was identified in E. coli as
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a receptor protein, which can be only used for AHL signal interception, as E. coli does
not produce any AHL molecules [104–106].
While these signaling molecules are natural clues for bacteria, it is an interesting question if they could be chemoe↵ectors (even for other species) at the same time.
Previous studies showed that AI-2, the general interspecies communication signal has a
chemoe↵ector potential [107], but there are no hints in the literature of the chemoeffector potential of AHLs. The relation between quorum sensing and chemotaxis seems
particularly important if we consider that both phenomena play a crucial role in bacterial
infections [89–91, 108–110].

1.4

Microfluidics

The study of bacterial communities was entirely based on traditional microbiological techniques until not too long ago. The traditional methods included growing monocultures
on agar plates, in constantly shaken flasks, or in chemostats. It was recently revealed
that the topology of the microbial habitat and the uneven distribution of nutrients or
chemical signals inherently influence the behavior of microbial communities [111]. Microfabrication and microfluidic technology provide an outstanding opportunity to design
and build precisely controlled microenvironments for microbiological studies.
Microfluidics is multidisciplinary scientific field, which deals with the operation and
manipulation of liquids (pumping, mixing) in the spatial dimension of 1–1000 µm. Miniaturization o↵ers many benefits in scientific research, including lower production costs,
portability, decreased consumption of reagents and chemicals, and parallelization. Microfluidics became a primary technology in applications of miniaturized systems currently
used in biological, chemical and medical research (PCR, single molecule DNA sequencing,
lab-on-a-chip technologies, biosensors) [112]. By using microfabricated microhabitats we
can obtain deeper understanding of the physical and biochemical interactions between
bacteria and their local environment [113].
Initially, microfabrication technology used for chemical and biological applications
was based on the already used technologies of the microelectronics industry, mostly photolithography and silicon and glass etching. These techniques are, however, relatively
expensive, mostly due to the need of complex infrastructure. Furthermore, silicon is not
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transparent in the visible/UV region of the spectrum, making optical imaging difficult
during experiments [114]. The introduction of elastomers in microfabrication technology
by soft-lithography techniques expanded the range of possibilities in biological research
[112], and made it possible to create microstructures in a quick, convenient and inexpensive way by using rapid prototyping and replica molding methods [115].
Studying bacterial swimming motility and chemotaxis requires precise operation
with liquids and chemical gradients on the microscopic level, in which microfluidics has
already been proven to be an excellent choice [116]. In the last decade several microfluidic
devices were developed for bacterial chemotaxis studies. The majority of these gradient
generators rely on fluid flow [107, 117, 118]. Although, gradients can be established in
these devices, in most of the cases bacteria are only exposed to the gradient for a short time
(20–30 sec) as they are carried along with the flowing media. Therefore, weak chemotactic
responses may not be detected in these devices. The flow may also cause shear stress on
cells, which can influence their behavior. The location dependent flow velocity (e.g. a
usually parabolic flow profile) in the channel may result in a hydrodynamic orientation
of rod shaped bacteria, which may hinder the observed chemotactic response. The above
mentioned limitations can be overcome by flow-free gradient generator devices. Two main
types of these gradient generators have been developed. Some of them use flow for a short
period of time in the test channel [119–121], or separately in another microchannel [122–
127] to allow the chemical gradient establishment. Others rely solely on di↵usion during
gradient formation [128–130]. One of the biggest advantages of the flow-free devices
compared to flow-based ones is that undisturbed chemotaxis response can be studied in
a steady liquid medium for an extended period of time.
Using the tools of microtechnology can greatly enhance our capabilities in biological research and can lead to more accurate information and deeper understanding of the
enthrallingly complex world of microbes.

1.5

Aims of this study

In this work bacterial swimming behavior is under investigation in microfluidic devices.
The aim of our experiments was to understand the physical and biochemical interactions
between swimming bacteria and their local environment, that may play important roles
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in the development of complex microbial communities, biofilm formation and bacterial
infections. We address the following questions about the physical aspects of bacterial
swimming behavior:
• What is the main mechanism behind reversible wall entrapment?
• Does the surface geometry a↵ect cell adhesion?
• How do the geometric constrictions (solid boundaries, walls, chambers) a↵ect the
swimming behavior of bacteria in high-density cultures?
• Can we shape and stabilize emerging swimming patterns by physical constrictions?
Beside physical boundaries the constant vivid interactions of bacteria with their
chemical environment also influence the behavior of bacterial communities. For bacterial
chemotaxis studies we aim to develop a novel microfluidic device, in which we are able to
quickly establish a stable linear chemical gradient in a flow-free environment. This device
can be used to study the chemotaxis response of E. coli towards several chemical compounds involved in bacterial communication in order to gain a deeper understanding of
the role of biochemical communication in microbial communities and bacterial infections.
In this thesis we focus on the following interesting biological problems:
• Can we find evidence of direct interactions between chemotaxis and quorum sensing?
• Can we use our novel microfluidic device to show chemotactic e↵ects of canonical
quorum sensing signals or molecules under quorum sensing regulation?
• Can we study the complexity of chemical communication between adjacent bacterial
populations in our microfluidic device?

Chapter 2
Materials and Methods
2.1

Microfabrication

In our experiments we used polydimethylsiloxane-based microfluidic devices which were
manufactured using standard soft lithography techniques [115]. Polydimethylsiloxane
(PDMS) is a silicon based elastomer which is commonly used in microfluidic technology
for its convenient properties. It is a non-toxic, chemically inert, biocompatible elastomer.
It is optically transparent in the 240–1100 nm spectral region and permeable to non-polar
gases, like O2 , N2 or CO2 . Due to these features PDMS-based microfluidic devices are
suitable for cell culturing, from bacteria to mammalian cells.
The main steps of the microfabrication process were (i) designing the microstructures, (ii) fabrication of the photomasks, (iii) production of the master molds, (iv) creating
the elastomer based microdevices by replica molding [131]. Although the final physical
parameters of our microfluidic chips were di↵erent, the basic procedure of the fabrication
was the same for every device. We used UV-photolithography to create the master molds
for the microfluidic chips. Blueprints for the photolithography masks were designed using
KLayout, an open source layout editor software. The desired patterns of the microchips
were printed onto emulsion film or chromium-based photomasks (JD Photo-Tools Ltd.)
according to the size of the smallest features of the design. Creating chromium masks is
more difficult and expensive but they can deliver details down to 1 µm, while emulsion
film based transparency sheets can be used if the smallest structures are larger than ⇠20
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µm. After creating the photomasks, we prepared the master molds for the microfluidic
chips.
SU-8 is an epoxy based negative photoresist which is frequently used in microtechnology, and it is an excellent material for creating master molds for microfluidic devices.
Negative photoresists are light sensitive chemicals in which polymerization occurs upon
exposure to light with appropriate wavelength (in the case of SU-8 it is 350–400 nm).
The actual formation of the chemical bonds during polymerization happens in two steps
in the SU-8 photoresist [132]. Due to the UV light exposure acid generation occurs, hexafluoroantimonic acid develops, which acts as a catalyst in the cross linking process. The
actual formation of cross links in the resist occurs if the temperature is appropriately
elevated during the post exposure bake (PEB). We applied 40–75 µm photoresist layers
(SU-8 2015, SU-8 2050 (MicroChem Corp.)) onto 100 mm diameter silicon wafers (University Wafers, Inc.) by spin coating. The layers were soft baked on a level hot plate for
3 minutes at 65� and for 6–9 minutes at 95�. After this soft bake step, the SU-8 layers
were exposed to UV light ( ⇠365 nm) through the photomasks by using a mask aligner
equipped with a mercury lamp with an i-line filter (Newport New Illumination System,
Newport Corp.). PEB was taken place right after exposure, when the SU-8 layers were
baked for 1–2 minutes at 65� and for 6–7 minutes at 95�. The unexposed and nonpolymerized parts of the SU-8 layers were removed after PEB by immersing the wafers
into SU-8 developer (MicroChem Corp.) solutions for 10 minutes.
Positive replicas of the master molds were made by PDMS (Sylgard 184, Dow
Corning Corp.) casting. In order to prevent the attachment the molds to the PDMS,
they were treated with (tridecafluoro-1,1,2,2-tetrahydrooctyl)trichlorosilane (Gelest Inc.)
under vacuum for 4 hours. The uncured PDMS was poured onto the master molds and
the devices were baked at 40–90� in an oven for overnight, which resulted a complete
polymerization of the PDMS. The polymerized microchips were peeled o↵ the master
molds, and inlet holes were created.
Depending on the actual microchip design, the PDMS devices were bound to
coverslips, using oxygen plasma treatment [133], or to ⇠ 60 µm thick aluminium-oxide
membranes (Anodisc 47, Whatman). The attachment of the microchips to the membranes
was achieved by a stamping method [134], using a thin (6–10 µm) layer of PDMS. In order
to create deeper chambers, we directly applied 1 mm thick layers of photoresist (SU-8

Materials and Methods

17

2050) onto coverslips. These samples were cured on precisely level hotplates at 95� for
3 days. Before the PDMS casting, these molds were also exposed to UV light, treated
with SU-8 developer and silane, similarly to the above described procedures.

2.2

Cell culturing

In the hydrodynamic entrapment experiments, we used the smooth swimming E. coli
HCB437 [135] strain carrying the pMPMA2-GFPmut2 plasmid [136]. The cell culture
contained 50 µg/ml ampicillin, streptomycin and kanamycin (Sigma-Aldrich). During
the correlated swimming experiments we used the E. coli W3110 strain [137] (bearing a
lac promoter inserted together with a GFP (green fluorescent protein) encoding gene).
In order to induce GFP production in the W3110 cells 1 mM of IPTG (isopropyl betaD-1-thiogalactopyranoside) (Sigma-Aldrich) was added to the cell culture 2 hours before
the experiments. The chemotaxis and the interacting bacterial populations experiments
were performed using the E. coli HCB33 and HCB437 strains carrying the pMPMA2GFPmut2 plasmid, and the P. aeruginosa PUPa3 strain [138]. The cell culturing medium
was supplemented with 50 µg/ml ampicillin, and streptomycin for the HCB33 strain, and
50 µg/ml ampicillin, streptomycin and kanamycin for the HCB437 strain. P. aeruginosa
culturing medium contained 50 µg/ml ampicillin.
Bacteria were grown overnight in 3 ml of LB (lysogeny broth) media (SigmaAldrich), supplemented with the appropriate antibiotics or IPTG, at 30� in a shaker
incubator (Biosan), shaken at 200 RPM. The overnight bacterial cultures were diluted
1000 times on the morning of the experiment, and bacteria were grown at the same
conditions until they reached optical density 0.5–0.9 at 600 nm (OD600 ).

2.3

Microscopy sample preparations

For the hydrodynamic entrapment experiments a 20 µl sample of the bacterial culture was
diluted 50 times in fresh LB media, containing 40 mg/ml serum bovine albumin (BSA)
(Sigma-Aldrich). After the microchips were filled with the samples, the inlet holes were
sealed with fast curing PDMS (World Precision Instruments Inc.), and the device was
mounted onto the microscope stage.
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In the correlated swimming experiments 1 ml of the bacterial culture was centrifuged (at 3000 RPM for 10 minutes) by using a desktop centrifuge (Wise Inc.). The
pellet was resuspended in 10 µl of fresh LB media. This concentrated sample was loaded
into the microdevice for time-lapse video imaging.
During the chemotaxis experiments bacterial cells were centrifuged (at 3000 RPM
for 10 minutes, 2 times), and resuspended in chemotaxis bu↵er (CB) (PBS, pH 7, 0.1
mM EDTA, 0.01 mM L-methionine, 10 mM DL-Lactate, supplemented with 10 mg/ml
BSA) [107]. To help the quick establishment of the concentration gradient, the studied
chemoe↵ectors were added at half of their final concentration to the bacterial sample
right before injection into the microfluidic device.
During the interacting populations experiments 1 ml of each cell culture was centrifuged (at 3000 RPM for 10 minutes) and the pellet was resuspended in 1 ml fresh LB
medium, which contained 40 mg/ml BSA. In the E. coli – E. coli interaction experiments
the observation channel and one of the reservoirs were filled with bacterial suspensions.
The concentration of the cells in the observation channel was half of the initial cell concentration in the reservoir. Motility medium (10 mM PBS, 0.1 mM EDTA, supplemented
with 40 mg/ml BSA) was used to fill up the other reservoir. In the E. coli – P. aeruginosa
interaction experiments the E. coli cells were loaded into the observation channel, and
one of the reservoirs was filled with P. aeruginosa cells. The other reservoir was filled
with CB medium, containing 40mg/ml BSA. The cell concentration in the observation
channel was half of the concentration in the reservoir, due to a 1:1 ratio dilution of the
E. coli suspension with CB medium.

2.4

Microscopy

During all the experiments a Nikon Eclipse Ti-E epiflourescent microscope (Nikon Inc.)
equipped with a 10× Plan Fluor, and a 40× S Plan Flour objective, a fluorescence filter
set for GFP (Chroma Inc.), a Prior Proscan III microscope stage, and a Prior Lumen
200Pro metal arc lamp (Prior Scientific Inc.) was used for imaging. The microscope
setup was controlled by the Nikon NIS Elements AR microscopy software (Nikon Inc.).
During time-lapse video recording, a Rolera em-c2 digital EM-CCD camera (QImaging
Corp.) was used for the hydrodynamic entrapment and correlated swimming experiments,
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and an Andor NEO sCMOS camera (Andor Technology Ltd) was used for the bacterial
chemotaxis and the interacting bacterial populations experiments. All the long term
chemotaxis and interacting bacterial populations experiments were carried out at 30� in
a home built cage incubator mounted onto the optical table.

2.5

Gradient characterization and model calculations

Pyranine (Sigma-Aldrich), a water soluble fluorescent dye, was used to characterize the
chemical gradient in our no-flow gradient generator device. Pyranine was solved in phosphate bu↵ered saline (PBS) at 0.1 µM and 1 µM concentrations. At the beginning of
the experiments pyranine solution was loaded into one reservoir, the other one was filled
with pure bu↵er, and the observation channel was filled with a 1:1 mixture of the bu↵er
and the dye solution. In long term experiments the complete filling procedure was done
before starting fluorescence time-lapse imaging. In order to capture the beginning of the
gradient formation, we carried out short-term experiments, where we mounted the sample
with filled central channel and empty reservoirs on the microscope, and we started the
time-lapse imaging before the reservoirs were filled. During the dye di↵usion experiments
fluorescence microscopy images of the central channel were taken in 15 s intervals in the
first 10 minutes, 1 minute intervals in the next 50 minutes, 5 minute intervals in the next
3 hours of the experiments and hourly afterwards. A 600 µm wide and 800 µm long
rectangular area was selected at the centre of the observational channel (excluding the
overlapping areas (Fig. 3.10)), and the average pixel intensity of this area was measured
across the channel. In the calibration experiments we loaded the reservoirs and the main
channel with pyranine solution at the same concentration. We considered the measured
fluorescence intensity as a direct representation of the pyranine concentration. A two dimensional simulation was done using the “Transport of Diluted Species”model of Comsol
Multiphysics 4.3a software. We simulated the gradient establishment via di↵usion of the
pyranine molecules, and studied the stability of the gradient over time. The 30% porosity
of the integrated aluminium-oxide membrane was taken into account by using an e↵ective
di↵usion constant 0.1275 · 10

9

m2 /s. Because the di↵usion constant of pyranine was not

available in the literature, we approximated it with the di↵usion constant of fluorescein,
a similar fluorescent dye [139].

Materials and Methods

2.6

20

Image processing and data analysis

Fiji, an open source software package [140], and Matlab (MathWorks Inc.) were used
for image processing and data analysis for all the experiments. In the hydrodynamic
entrapment experiments time-lapse video microscopy was used to follow individual bacterial trajectories. Each video consisted of 1800 frames, and they were recorded with 10
frames per second. Cell tracking was done using the MOSAIC plugin within Fiji. The
trajectories were checked, and if the algorithm made mistakes, they were manually corrected. These errors were typical when tracks crossed or cells passed each other near the
walls. The trajectories were considered to be trapped by the surface of micropillars, if
cells traced the surface of pillars longer than 30 frames (3 s) [141] and stayed in the 3.5
µm vicinity of the surface. During data analysis, using Matlab, the bacterial trajectories were automatically sorted and classified according to their positions, lengths and the
radius of the micropillar they encountered.
We used fluorescence time-lapse video microscopy with high frame rate (60 FPS)
to record the dynamic swimming patterns of bacteria during the correlated swimming
experiments. Particle Image Velocimetry (PIV) was used during the analysis of the
swimming patterns. The data analysis were carried out using the open-source PIVlab
tool of Matlab.
Fluorescence microscopy images were taken every 5 minutes during the chemotaxis
and the interacting bacterial populations experiments. Before data analysis, the raw
images were cropped and background correction was performed in Fiji, using the builtin Rolling ball algorithm. During image processing we had to manually correct some
manufacturing artifacts that appeared as bright spots on the fluorescence images. The
spots were masked, and automatically excluded from the image analysis using Matlab.
During the data analysis of the chemotaxis experiments, kymographs were generated by
taking thin sections of fluorescence images of the central channel at subsequent times and
plotting one below the other. These kymographs demonstrate qualitatively the di↵erences
in the dynamics of the chemotactic response to various chemoe↵ectors.

Chapter 3
Results and Discussion
3.1

Bacterial swimming in geometrical confinements

The physical parameters and the geometry of the environment can profoundly influence the swimming behavior of self-propelled bacteria [111]. We wanted to study these
boundary-induced e↵ects in well-controlled microfabricated environments. To that end
we created precisely engineered bacterial microhabitats, where we were able to study the
hydrodynamic interactions between swimming cells and nearby solid surfaces, and the
influence of physical boundaries on the emerging swimming patterns in dense bacterial
cultures.

3.1.1

Hydrodynamic entrapment of swimming bacteria by convex walls

Can we use the geometry of the confining boundaries to get a deeper insight into the
nature of the observed accumulation of bacteria near solid surfaces [26, 29–32]? To answer this question, we studied the swimming behavior of E. coli cells in a PDMS-based
microfluidic device. The 75 µm deep main channel of the device contained several straight
walls and pillars, with di↵erent radii of curvature (20–350 µm) (Fig. 3.1). We recorded
individual bacterial trajectories in the vicinity of these surfaces using fluorescence video
microscopy, and we analyzed each trajectory assuming that in the presence of a hydrodynamic trapping force trajectories follow the convex curvature of the micropillars.

21

Results and Discussion

22

500 μm

250 μm

200 μm

100 μm

Figure 3.1: Scanning electron micrographs of the PDMS-based microdevice containing
several micropillars. The height of the posts is 75 µm.

It is known that due to the rotation of the cell body during swimming, bacteria tend
to swim in clockwise circles over flat surfaces for an extended period of time [26, 29, 31,
142–144]. To avoid the confusion of this e↵ect with hydrodynamic trapping induced by the
surface of the micropillars, we only examined bacterial trajectories with counterclockwise
direction (i.e. opposite what the rotating cell body would result).
3.1.1.1

Microscopy experiments

We tracked and analyzed 1124 bacterial trajectories along straight walls and the perimeters of micropillars in our microfluidic device. We found that most of the cells followed
the convex surface of the pillars (Fig. 3.2) and more than 90% of the bacteria swam
along the planar walls after collision. The fraction of bacteria that followed the surface
of the micropillars was 60–90%, when the radius of curvature was larger than 50 µm.
Below 50 µm radius the tracing cell fraction decreased with the decreasing pillar radius.
Although, we observed some bacteria following the surface of the pillars with the smallest
radius of curvature (20 µm). Therefore, our findings strongly indicate the presence of
a hydrodynamic trapping e↵ect that acts on the bacterial cells swimming near a solid
surface.
Tracing times, path lengths and average swimming velocities were determined
around the micropillars. We found that bacteria tend to spend more time swimming
around pillars with larger radii [Fig. 3.3(a)]. These findings were in accordance with our
path length measurements, longer paths were measured near larger pillars. Therefore, we
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Figure 3.2: (a) Montage of fluorescence microscopy images of a bacterium following
the perimeter of a micropillar. The arrow indicates the swimming direction. (b) The
measured ratio of the cells that followed the surface of the pillars after collision (open
circles) and the model prediction for the fraction of trapped cells (solid line). The
dashed line represents the value for flat walls. Gray shaded area: standard deviation of
the model predictions.

did not find any significant variation in the average swimming speed in the vicinity of
di↵erent pillars. The average tracing speed remained in the 14–19 µm/s range for all radii
of curvature [Fig. 3.3(b)], although it was constantly lower than the measured average
bulk speed (24±4 µm/s).

(a)

(b)

Figure 3.3: (a) The measured average residence times of bacteria for each pillar (open
circles) and the model prediction (solid line). (b) The average tracing speed of bacteria
near pillars. The dashed line represents the average speed in bulk. The error bars
indicate standard errors.

We also determined the orientation of cell bodies tracing flat surfaces. We used
a higher magnification (40× objective instead of 10× ) during the fluorescence video
microscopy recordings. Trajectories of 58 individual cells were analyzed. We found that
cells usually did not align their body axis along the surface. Bacteria swam with a finite
average angle to the surface plane, although, the orientation of the cell bodies fluctuated
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(Fig. 3.4). The typical average angle of orientation for an individual bacterium was
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Figure 3.4: Histogram of the average angles of orientation of individual cells with
respect to the solid wall (n = 58). The inset shows a montage of frames with a swimming
bacterium near a planar solid wall. Red line shows the surface of the wall.

Our observations supported the existence of a hydrodynamic attractive force, when
bacteria swim next to solid surfaces. It is an interesting question if this hydrodynamic
trapping influences biofilm formation, as its first step is the attachment of planktonic
cells to surfaces [25, 42]. We used our microfluidic device to study the possible e↵ects
of surface curvature on cell adhesion. We incubated E. coli cells in the microdevice for
18–24 hours, which allowed the cells to multiply until they filled the whole channel. Then
the planktonic cells were washed out, and the adhered cells were imaged around the
micropillars [Fig. 3.5(a)].
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Figure 3.5: (a) Representative fluorescence microscopy image showing the bacterial
cells adhered to the surface of the micropillars. (b) The fluorescence pixel intensity over
a unit area in the vicinity (3.5 µm) of pillars and next to a planar wall. The dashed
line represents the value for flat walls.
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We calculated the average fluorescence intensity per pixel around the perimeter of
each pillar [Fig. 3.5(b)] to measure the level of bacterial adhesion. We found that more
cells stuck to the surface of pillars with larger radius. This suggests that bacteria tend to
adhere to surfaces with less curvature, as the hydrodynamic trapping e↵ect keeps them
near flat surfaces for the longest period of time. The data show a similar dependence of
the cell adhesion on the radius of curvature as we saw before for the cell fraction tracing
the pillars and the average residence times [Fig. 3.2(b), 3.3(a)]. Our results indicate that
hydrodynamic entrapment may play a role in biofilm formation via cell adhesion and
surface colonization.
3.1.1.2

Hydrodynamic model of the wall entrapment

Our collaborator, Roberto Di Leonardo from Sapienza University of Rome, created a theoretical model of the physical interactions between a swimming cell and a nearby surface.
Using this simple mechanistic model we can explain the existence of a characteristic pillar
radius below which the trapping probability decreases. Our experimental results are in
excellent agreement with the model predictions. I present briefly the physical model of
the hydrodynamic trapping e↵ect.
We model a swimmer as the combination of a spherical cell body and a helical
flagellar bundle that are rigidly connected as shown in Fig. 3.6.
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Figure 3.6: Schematic illustration and notation for the hydrodynamic model.

When the cell body encounters a wall a normal reaction force develops that constrains motions to the x direction. From the linearity of Stokes equation the viscous
torque acting on the cell body will be linearly related to the instantaneous values of rotational and translational velocities. As long as the cell moves in contact with the wall,
there are two significant velocity components we have to consider: the x component of
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linear speed U and the z component of angular speed ⌦. Calling T b the z component of
the viscous torque acting on the cell body we can write:
Tb =
The first term

C b⌦

BbU

(3.1)

C b ⌦ represents the viscous drag that would act on the cell body if

purely rotating. The coupling term

B b U represents the viscous torque acting on the

cell body when purely translating. Similarly, the torque acting on the flagellar bundle
can be expressed as:
Tf =

C f ⌦ + Bf U

(3.2)

The coupling term is now positive, and it arises from the displacement of the flagellar
bundle centre of resistance from the origin O:
Bf = L
where

?

?

sin ✓

(3.3)

is the drag coefficient determining the viscous resistance encountered by the

flagellar bundle when translating in a direction perpendicular to its axis. The normal
component of the emerging reaction force will not produce any torque about our origin
O. In principle we cannot exclude the presence of a tangential friction component, but it
will add up to the hydrodynamic component B b . The overall system is therefore torquefree so that we can add Eqns. (3.1) and (3.2) and solve for ⌦:
⌦=

Bf Bb
L ? sin ✓ B b
U
=
U
Cb + Cf
Cb + Cf

The swimming angle ✓ has a stable equilibrium value ✓1 for which ✓˙ =
sin ✓1

Bb
=
L ?

(3.4)
⌦ = 0:
(3.5)

where the subscript 1 indicates that we are considering the case of a flat wall, or in other
words an infinite pillar radius R. Pillar radii are always much larger than the cell size,
so we can assume that the hydrodynamic resistance matrices are negligibly a↵ected by
the small wall curvature. In this situation we can take into account the finite curvature
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of the pillar by moving to a reference frame that rotates around the pillar axis with an
angular speed given by

U/R. In this new reference frame the time derivative of ✓ will

be given by:
✓˙ =

⌦

U
=
R

✓

Bb

L ? sin ✓
b
C + Cf

1
R

◆

U

(3.6)

The stable value for ✓ now decreases as the pillar radius becomes smaller:
sin ✓R = sin ✓1

Cb + Cf
LR ?

(3.7)

There exists a critical value R⇤ for the pillar radius, below which there is no positive
stable value for ✓. ✓˙ will still be negative even when ✓ = 0, so the cell will eventually
swim away from the surface (Fig. 3.6):
R⇤ =

Cb + Cf
L ? sin ✓1

A first estimate of the critical radius can be obtained by noting that C f
C f = `2

? /3

(3.8)
C b and that

[143]. Substituting into Eqn. (3.8) we obtain:
R⇤ ⇡

`2
2 `
⇡
3L sin ✓1
3 sin ✓1

(3.9)

where, we used the fact that the cell length 2L is mostly given by the length of the
flagellar bundle `.
3.1.1.3

Model predictions and experimental data

As shown in Eqn. (3.5), the actual value of ✓1 depends on B b , a quantity that is expected
to be very sensitive on the actual value of the gap between the cell and the wall. Rather
than entering into the difficulties of theoretically predicting B b , we obtained ✓1 from our
experimental observations and checked the theory by directly verifying relation (3.9). As
our model predicted, we found that bacteria swam with a finite average swimming angle
to the surface plane (Fig. 3.4). Substituting the observed average value for ✓1 (5 ) into
Eqn. (3.9) and assuming that a typical bundle length is 7.5 µm, we find that the critical
radius R⇤ is 57 µm, a value that is in good agreement with the observed decrease in the
fraction of trapped cells below 50 µm radius.
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Using the distribution in Fig. 3.4, we can also predict the fraction of trapped cells
for pillars of radius R, as the fraction of ✓1 angles whose corresponding values of R⇤ are
lower than R. The results are shown as a solid line in Fig. 3.2(b), where we rescaled the
predicted fractions to give the correct limit for infinite radius of curvature.
Equations (3.9) and (3.5) show that the critical radius for trapping does not depend
on swimming speed, as expected from our purely hydrodynamic approach. This picture
is consistent with our data presented in Fig. 3.3(b), where we did not find any variation
in swimming speed.
Up to this point we have considered an idealised situation, where each cell is
characterised by a well defined ✓1 whose value decides whether the cell escapes from a
pillar, or it is trapped around it forever. However, the actual value of the swimming
angle displays large fluctuations over time due to cell wobbling and Brownian motion.
Therefore, even when the average value of ✓R is positive, fluctuations can occur leading to
a negative swimming angle and allowing the cell to escape from the pillar, thus we expect
finite tracing times around the pillars. We saw that bacteria tend to spend more time
swimming around pillars with larger radii [Fig. 3.3(a)]. We can explain this observation
by noting that the larger ✓R is, the larger and more unlikely the fluctuation that is
necessary to escape from the pillar. Assuming the simple linear relation ⌧ = ↵✓R , we can
predict the average residence time (⌧ ) around each pillar from Eqn. (3.7) based on the
values of ✓1 in Fig. 3.4. Solid line in Fig. 3.3(a) shows the predicted average lifetimes
corresponding to the best fit value for the phenomenological parameter ↵.
Our results demonstrate that the main mechanism for wall entrapment is hydrodynamic in nature, and it involves a finite swimming angle that keeps the cells in close
contact with bounding surfaces. As a result swimming cells can be trapped by round pillars and follow the convex curvature of the pillar surface. We found that the swimming
angle is gradually reduced for increasing surface curvature up to a critical radius (around
50 µm), where entrapment becomes unstable. Our observations are in excellent agreement
with the predictions of our simple hydrodynamic model, that connects the critical radius
for entrapment to the swimming angle near flat walls. We also showed that surface curvature can strongly a↵ect bacterial colonization, suggesting that a suitable surface geometry
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may inhibit biofilm formation. Our findings throw new light upon the importance of surface geometry in cell-surface interactions, which may be useful when designing medical
implants or industrial equipment, where biofilm formation can be immensely harmful.

3.1.2

Modifying the swimming patterns in dense bacterial cultures using microfluidic devices

We have seen in the previous section that swimming behavior can be fundamentally influenced by hydrodynamic interactions between swimming cells and their surroundings.
Direct physical interactions between individual cells can also shape the swimming behavior of bacterial populations, if the distance between bacteria is greatly reduced. We
examined the physical characteristics of swimming motility in high-density cultures of
E. coli in microdroplets and in a PDMS-based microfluidic chip, where we were able to
control the synchronized swimming patterns of the bacteria. The 40 µm deep microdevice
contained several small round chambers and merged double chambers, with inner radii of
curvature of 10–50 µm (Fig. 3.7). After loading the dense cell suspension into the device,
we used fluorescence video microscopy to record the dynamic swimming motility of E.
coli cells.

1 mm

50 μm

50 μm

100 μm

Figure 3.7: Scanning electron micrographs of the microfluidic device and the individual microchambers.
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Synchronized bacterial motion in high-density droplets

Self-propelled bacteria in high-density cultures show a characteristic swimming behavior
[52, 53, 59]. The greatly reduced distance between individual cells leads to the emergence
of short-range physical interactions and synchronized swimming motion. In droplets of
dense bacterial suspensions, we observed emerging whirlpools, vortices and jets, formed
by groups of adjacent cells that aligned their swimming speed and direction. Without
any geometrical constriction these emerging coherent formations were transient, thus,
bacteria displayed fast, constantly fluctuating swimming patterns (Fig. 3.8).

(a)

(b)

(c)

Figure 3.8: (a) Fluorescence microscopy image of a high-density E. coli suspension.
(b, c) Fluorescence images of the same suspension with the calculated velocity vector
field overlayed.

We used Particle Image Velocimetry (PIV) to phenomenologically characterize the
emerging patterns of the synchronized bacterial motion in the droplets. We calculated
the velocity vector fields for each recorded video and measured the size and the lifetime
of these large-scale coherent swimming patterns. We found that the characteristic size of
the transient structures was about 10–30 µm, significantly larger than the size of single
bacterial cells. We also found that the observed whirlpools and jets persisted only for
a couple of seconds on average (Fig. 3.8), due to the strongly fluctuating swimming
motility.
3.1.2.2

Regulation of random bacterial swimming patterns

We used our microfluidic device to examine the influence of physical boundaries on E.
coli motility in dense suspensions and to see if we can regulate the fluctuating swimming
patterns using appropriately designed microstructures. The observed swimming patterns
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outside the microchambers were similar to those seen in the droplets (such as in Fig.
3.8), however, in the microchambers bacteria showed stable circular motion. The velocity
vector field within a double chamber on Fig. 3.9(b) clearly indicates the formation of
adjacent stable whirlpools. The observed vortices persisted throughout the whole experiment (about 2 hours). We found no preference in the swimming direction of the
cells, although the rotational directions of two adjacent vortices were always opposite in
merged chambers [Fig. 3.9(d)]. Color-coded average velocity magnitudes within a double
chamber are shown in Fig. 3.9(c) (the averaging was done over a 10 s period). We found
that the maximum average velocity is achieved in a ring-like structure within both chambers. At the center and at the perimeter of the round chambers the swimming speed was
reduced. Moreover, the velocity was higher in the larger side of the chamber.
(E)

Figure 3.9: a) Fluorescence microscopy image of a coupled microchamber filled with
a dense bacterial suspension. (b) The velocity field inside the chamber. (c) Timeaveraged velocity distribution inside the chamber. (d) The vorticity of an emerging
bacterial whirlpool. (e) Temporal changes in the direction of cellular motion inside and
outside of a microchamber.

Based on the above-mentioned observations, we can describe the underlying mechanisms that led to these stable swimming patterns in our microchambers. As we have
seen swimming bacteria move along solid surfaces after colliding with them [35, 145].
Similarly, bacteria on the perimeters of our round chambers followed and swam around
the walls, which led to the observed circular motion. Due to the short-range hydrodynamic and mechanical interactions between the cells, the orienting e↵ect of the inner walls
propagated through the whole population and led to a synchronized swimming motion.
These patterns were stabilized by the constant presence of the round walls. Without any
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physical constriction these local physical interactions led to transient jets and vortices
in free suspensions, but they resulted in a synchronized circular motion within the microchambers. The measured lower swimming speed at the perimeter of the chambers can
be caused by a wall-induced friction. We have seen previously (chapter 3.1.1.1) that cells
exhibit a lower swimming speed near surfaces. At the center of the vortices the reduced
velocity can be associated with a required sharper turn, and a more drastic change in
swimming direction. A similar e↵ect may explain the di↵erence of the maximum velocities
in the two sides of the merged chambers with di↵erent radius of curvature.
The design of our microfluidic device allowed us to find regions between the microchambers where we could consider the motion of the bacteria unrestricted. Therefore,
we were able to study the swimming behavior inside and outside the chambers in the
same experiment. We examined a maximum velocity region within a chamber with 60
µm inner radius, and an open area outside this chamber at 60 µm distance from any
other confining walls. We calculated the average velocity direction at two 12 µm ×12 µm
areas. Figure 3.9(e) shows that the stabilizing e↵ect of the geometric constraint of the
walls resulted in the suppression of both the fast and slow fluctuations and irregularities
of the original swimming pattern.
In our experiments we showed how geometric constraints and solid boundaries alter
the swimming behavior of microorganisms. We were able to stabilize, shape, and characterize the emerging bacterial vortices inside microfabricated chambers. The development
and implementation of microfluidic devices powered by microorganisms [66–68] are at an
early stage, but this is a promisingly growing scientific field. The encouraging results show
the compelling possibilities of these hybrid microengineered devices, where useful energy
can be extracted from the random motility of dense bacterial cultures in well-designed
microfabricated environments. Our results show that the structure and geometry of such
microdevices may have a deep impact on the distribution and the swimming dynamics of
bacteria, which fundamentally determine the usability of such applications. Furthermore,
as synchronized motion is also observed for various living organisms on various scales,
our results demonstrating the e↵ect of geometrical confinement may have more general
implications.
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Bacterial chemotaxis in microengineered chemical gradients

As we have seen in the previous sections the swimming motility of bacteria is essentially
influenced by the physical and hydrodynamic interactions with their local environment
and adjacent bacterial cells. Beyond these physical interactions, chemical and biological
signals can also alter bacterial swimming behavior. Bacteria can sense and respond to
various chemical compounds [17, 18, 21–23]. As natural environments are often chemically
heterogenous, bacteria usually encounter these signals in form of chemical gradients,
which allow chemotactic bacteria to change their motility patterns according to the spatial
distribution of these compounds. Our aim was to build a novel microfluidic device, in
which we can generate precise chemical gradients and to study chemotactic response of
E. coli to canonical quorum sensing signals and quorum regulated molecules.

3.2.1

New microfluidic device for studying bacterial chemotaxis

We designed and fabricated a new flow-free chemical gradient generator microfluidic platform for bacterial chemotaxis studies. The device consists of two PDMS layers and a
porous membrane, which is inserted between them (Fig. 3.10). The upper layer contains
two ⇠ 45 µl trapezoid-shaped reservoirs, in which chemoe↵ector and bu↵er solutions can
be loaded. The lower layer includes the ⇠ 0.4 µl observational channel for studying the
chemotactic response. This central channel is 40 µm deep, 1.2 mm wide and 1 cm long.
Two overlapping areas connect the observational channel and the reservoirs (Fig.
3.10). If a chemical concentration di↵erence is applied between the two reservoirs, a
steady linear chemical gradient develops across the main channel via these overlapping
areas.
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Figure 3.10: Schematic representation of the gradient generator microfluidic device
(not to scale). (a) A perspective view showing the three sandwiched component of the
device. (b) Top view of the device. The inset shows a fluorescence microscopy image
of the central channel with a pyranine concentration gradient. (c) Cross sectional view
of the device showing the observation of the channel from below (as in an inverted
microscope).

3.2.1.1

Gradient characterization

We characterized the chemical gradient in the observational channel using pyranine, a
water soluble fluorescent dye. Our measurements showed that the concentration gradient
profiles were very close to linear. Figure 3.11 shows the concentration profiles of pyranine
solutions across the main channel after an hour of the gradient formation. A linear fit
provided r2 values of 0.9907 and 0.9766 in case of 100 nM and 1000 nM pyranine solutions.
In our microdevice the magnitude of the gradient can be precisely controlled by changing
the absolute concentrations in the reservoirs (Fig. 3.11).
We used a finite element analysis in Comsol to model the gradient inside the main
channel. The model utilized the full 3D geometry of the microdevice and the di↵usion
properties of pyranine. The model calculations provided slope values for the concentration
profiles of

69.72 ± 0.005 pM/µm and

749.1 ± 0.005 pM/µm for 100 nM or 1000 nM

pyranine concentrations, respectively. The measured slope values were
and

61 ± 0.6 pM/µm

818.5 ± 11.7 pM/µm, which are in a good agreement with the model calculations.
We studied the formation and stability of gradients on various timescales. In short

term experiments we filled the central channel with 50 nM pyranine solution and sealed
the inlet and outlet holes of the channel. After starting the time-lapse recording we filled
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Figure 3.11: Concentration profiles of pyranine solutions across the central channel.
Solid lines: 100 nM and 1000 nM pyranine solutions loaded in the left reservoir. Dashed
lines: results of model calculations.

the left and right reservoirs with 100 nM pyranine and bu↵er solution, respectively, and
sealed the inlet/outlet holes of the reservoirs. Fig. 3.12(a) shows the dye concentration
across the width of the central channel at various times. After filling the reservoirs a
linear concentration profile formed that changed little after 3 minutes. This is in a good
agreement with the results of model calculations shown in Fig. 3.12(b). The slope of the
concentration profile obtained by linear regression is plotted in time in Fig. 3.12(c). The
graph demonstrates that the gradient formed quickly and stabilized in about 3 minutes
after the reservoirs were filled. Subsequent fluctuations in the gradient were within 10%.
Flow-free gradient generator devices are suitable for long term experiments, because the developed gradient can exist for an appropriately long time. We tested the
persistence of the gradient in our microfluidic device, by creating a concentration gradient with 100 nM pyranine solution and monitoring its decay over time for 72 hours. We
found that the equilibration process between the two reservoirs was adequately slow due
to the large volume of the reservoirs compared to the central channel and the limited
overlapping areas. The drop in the gradient was only about 15% within 24 hours (see
Fig. 3.12(d)).
Our results showed that in our new microfluidic gradient generator device we are
able to quickly generate (in less than 5 minutes) and precisely control linear chemical
gradients. We were able to maintain nearly the same gradient for at least 24 hours. Our
experiments also demonstrated that our device is suitable for fast temporal manipulation
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Figure 3.12: (a) Concentration profiles of the pyranine solution across the central
channel at di↵erent times. The times indicated were measured after filling both reservoirs. (b) Model calculations of the concentration profiles of the pyranine solution across
the channel at di↵erent times. (c) Short term change of the concentration gradient after filling the device. The thick red line on the x axis indicates the time needed to fill
both reservoirs. (d) Change of the concentration gradient in the device in time on long
timescales. Solid circles: slope of the linear concentration profile in the experiments.
Dashed line: result of model calculation.

of existing gradients. By quickly changing the content of the reservoirs, the gradient in
the central channel may be altered in minutes.
3.2.1.2

Chemotaxis test experiments with confirmed chemoe↵ectors

We demonstrated the usability of our device in chemotaxis experiments with well-known
chemoe↵ectors for E. coli. We used fluorescence video microscopy to follow the motile
response of fluorescent E. coli cells exposed to L-aspartate at maximum concentration of
100 µM, which is a strong chemoattractant and nickel, Ni2+ ions from NiSO4 at maximum
concentration of 250 µM, which is a repellent. At the beginning of the experiments
bacteria spread homogenously across the central channel, but within minutes they started
to move towards and away from the attractant and the repellent, respectively. After about
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8–10 min almost all bacteria moved to the high aspartate, or low Ni2+ concentration side
of the central channel (Fig. 3.13(a,b)).
In order to quantitatively characterize the observed chemotactic responses, we
introduced the asymmetry index A. The index correlates with the bacterial spatial distribution in the central channel, and helps to analyze the dynamics of the chemotactic
response and precisely compare the e↵ects of various chemo↵ectors. A 1200 µm wide
and an 800 µm long rectangular shape area was selected on each frame of the time-lapse
videos. These areas were divided into two equal parts, corresponding to the two halves
of the observation channel: the high concentration side and the low concentration side.
Average pixel intensities were calculated on both halves of the gray-scale fluorescence
images. These intensities were denoted by I+ on the high concentration side, and by I
on the low concentration side. Then the asymmetry index was calculated by the following
equation:

A=

(I+ I )
.
(I+ + I )

(3.10)

Choosing the nomenclature this way we get positive or negative A values for positive or negative chemotactic responses, respectively. The value of A may vary between
1 and +1, with the extreme cases of all cells being on the low or high concentration
side of the channel.
Figure 3.13(c) shows the calculated asymmetry indeces (A) over time in the chemotaxis test experiments. The fast positive chemotactic response towards L-aspartate and
the cellular accumulation on the high concentration side are clearly demonstrated as A
increased quickly and maintained a positive value on the longer timescale (solid blue
line in Fig. 3.13(c)). In the case of NiSO4 A dropped below zero quickly and stabilized around

0.5 (dashed green line in Fig. 3.13(c)). The di↵erence between the two

chemotactic responses in dynamics and magnitude is clearly indicated by A. During the
control experiments we followed the spatial distribution of wild-type cells in the absence
of chemoe↵ector gradient (solid red line in Fig. 3.13(c)) and non-chemotactic cells in the
presence of L-aspartate gradient (dashed blue line in Fig. 3.13(c)). The bacteria stayed
evenly distributed across the channel and did not show any chemotactic response during
these experiments (yielding a near zero A value).
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Figure 3.13: (a,b) Kymographs showing the temporal change of the spatial distribution of chemotactic bacteria across the channel in (a) an L-aspartate (a strong attractant) gradient, (b) a NiSO4 gradient (Ni2+ is a strong repellent). (c) Asymmetry
index (A) for bacteria in various chemical gradients. Solid blue line: chemotactic (wt)
bacteria in aspartate gradient, dashed blue line: non-chemotactic (mutant) bacteria in
aspartate gradient, solid red line: chemotactic bacteria in the absence of chemoe↵ector
gradient (in bu↵er), dashed green line: chemotactic (wt) bacteria in nickel gradient.

In the above mentioned experiments the observed chemotactic responses happened
on a longer timescale than the gradient formation. This indicates that in our device we
are able to capture the dynamics of the chemotactic response itself that is not limited by a
slow gradient formation. Overall, our results demonstrate the usability of our microfluidic
platform in chemotaxis studies.
3.2.1.3

Demonstration of chemotactic response of E. coli towards L-lysine

After proving the usability of our novel microfluidic device in chemotaxis experiments,
we wanted to test if we can detect very weak chemotaxis responses, that are untraceable
with traditional methods. We tested two amino acids, L-lysine and L-arginine, that were
considered neutral for E. coli based on previous capillary chemotaxis assays [146].
We tested the chemoe↵ector potential of L-lysine at maximum concentration of
100 mM, using the same conditions as in the mentioned capillary assay experiments.
We observed a slow accumulation of the cells on the high lysine concentration side of
the central channel. However, this response was much slower than the e↵ects of strong
chemoattractants. The asymmetry index indicates that after 1.5 hour there were more
bacteria by 30% on the high lysine concentration side of the main channel (Fig. 3.14).
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Both the degree of cellular accumulation and the characteristic timescale suggest a mild
chemotactic response to L-lysine by E. coli.
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Figure 3.14: Asymmetry index for E. coli bacteria in amino acid gradients. Continuous blue line: average response of chemotactic cells. Dashed lines: standard error.
Continous grey line: response of non-chemotactic cells. (a) Bacteria in lysine gradient.
(b) Bacteria in arginine gradient.

The other tested amino acid was L-arginine at maximum concentration of 100 mM.
We did not see any accumulation of the cells on either side of the central channel: the
spatial distribution of the bacteria stayed homogeneous. The value of the asymmetry
index remained near zero during the 3 hour long experiments (Fig. 3.14). Thus, our
results support the previously shown neutrality of L-arginine in E. coli chemotaxis. In
the control experiments, when we exposed non-chemotactic bacteria to the same lysine
and arginine gradients, we found no detectable cellular accumulation in the main channel
(Fig. 3.14).
Our test experiments showed the usability and reliability of our device during longterm chemotaxis experiments. Due to the flow-free nature of this microfluidic platform
and the stable linear gradient in the central channel, we believe the device is suitable for
demonstrating weak bacterial chemotactic responses. Our results showed that the amino
acid L-lysine acts as a weak attractant, while L-arginine does not induce a chemotactic
response in E. coli.

3.2.2

Chemotactic response of E. coli to quorum sensing related
signal molecules

Bacteria can use a wide range of chemical compounds as communication signals, which
at the same time can act as chemoe↵ectors. Through quorum sensing bacteria can alter
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their gene expression patterns according to the local cell density. On the other hand,
chemotactic response towards chemoattractants can lead to locally dense subpopulations.
Therefore, it is an interesting question if these mechanisms interact on some level, i.e.
if the density dependent quorum sensing mechanism a↵ects cell density itself through
chemotaxis by signal molecules acting as chemoe↵ectors. Since E. coli biofilm formation
is a↵ected by the SdiA receptor in the presence of certain AHL molecules [106], it is
interesting to study the chemoe↵ector potential of these compounds.
3.2.2.1

Canonical quorum sensing signals

The two main quorum sensing systems of P. aeruginosa, the Las and Rhl systems, employ
N-(3-oxododecanoyl)-homoserine lactone (3-oxo-C12-HSL) and N-(butyryl)-homoserine
lactone (C4-HSL) signal molecules, respectively. We tested the chemoe↵ector potential of
these quorum sensing signals on wild-type E. coli cells. The experiments were repeated 3–
5 times both for the C4-HSL and the oxo-C12-HSL measurements. Wild-type E. coli cells
were exposed to C4-HSL gradient in our microfluidic device with maximum concentration
of 100 µM. Similar AHL concentrations were measured in P. aeruginosa biofilms [147].
The bacteria started to accumulate on the higher concentration side of the central channel
immediately at the beginning of the experiment. The asymmetry index shows that after
an hour the asymmetry in cell distribution reached its maximum value (A=0.4). Then
a slow rearrangement started, and after 6 hours the original homogeneous distribution
of cells was restored (Fig. 3.15(a)). Our results show that E. coli exhibits a strong but
transient chemotactic response to C4-HSL, and some sort of adaptation mechanism or
conditioning terminates this response after several hours.
We found a very similar, but considerably weaker chemotactic response of E. coli
bacteria in oxo-C12-HSL gradients with maximum concentration of 100 µM. Similarly
to the chemotactic response towards C4-HSL, we found an initial positive chemotactic
response, which was followed by a slow leveling o↵ of the spatial distribution of cells (Fig.
3.15(b)). The small maximal value of the asymmetry index (A=0.2) indicates a definite,
but very mild positive chemotactic response. The maximum cellular accumulation took
place after an hour, at about the same time for the two di↵erent signal molecules. In
the control experiments using non-chemotactic mutant bacteria, no accumulation of cells
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Figure 3.15: Asymmetry index for E. coli bacteria in AHL gradients. Continuous blue
line: average response of chemotactic cells. Dashed lines: standard error. Continous
grey line: response of non-chemotactic cells. (a) Bacteria in C4-HSL gradient. (b)
Bacteria in oxo-C12-HSL gradient.

was observed on either side of the central channel (Fig. 3.15). Interestingly, the observed
positive chemotactic responses towards both compounds seem to be transient and diminish or considerably weaken after a few hours. The above mentioned results suggest that
there are similar mechanisms behind these chemotactic responses, however further studies
are needed to explore the molecular background (e.g. receptors and signal transduction
molecules involved).
3.2.2.2

Secondary metabolites

Secondary metabolites can also act as intercellular signals, and their production is often regulated by quorum sensing. The secretion of pyocyanin, a well-known secondary
metabolite and virulence factor of P. aeruginosa, is regulated by the quorum sensing
system. Pyoverdines are extracellular siderophore molecules involved in iron scavenging
produced by P. aeruginosa. It has been previously proposed that pyoverdines can also
act as communication signals in a mechanism called pyoverdine signaling [148], which
is related to virulence. Furthermore, pyoverdine biosynthesis is also a↵ected by quorum
sensing [149]. As chemotaxis and quorum sensing often play important roles in virulence
factor production and bacterial infections, we wanted to test if pyocyanin and pyoverdines
have any chemotactic potential.
Chemotactic E. coli cells were exposed to a pyocyanin gradient, where the highest
pyocyanin concentration was 50 µM. We chose this concentration in agreement with previous reports of concentrations of purified pyocyanin extracts from cell cultures [150]. We
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found a mild positive chemotactic response of E. coli towards pyocyanin (Fig. 3.16(a)).
The asymmetry index shows that after 30 minutes, approximately 60% of the cells accumulated at the higher concentration side of the channel (A=0.2), then the cells started
to slowly spread out (Fig. 3.16(a)). Based on our results we can say that pyocyanin
is a weak chemoattractant for E. coli. It has a much lower chemotactic potential than
aspartate, nickel, or C4-HSL, but the detected response is still comparable with lysine or
oxo-C12-HSL.
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Figure 3.16: Asymmetry index for E. coli bacteria in secondary metabolite gradients.
Continuous blue line: average response of chemotactic cells. Dashed lines: standard
error. Continous grey line: response of non-chemotactic cells. (a) Bacteria in pyocyanin
gradient. (b) Bacteria in gradient of pyoverdines.

We also studied the chemotactic response of E. coli to pyoverdines. We used 20
µg/ml as maximal concentration. Similar concentrations were measured previously in
cell culture supernatants [151]. We observed a prolonged but weak negative chemotactic
response of E. coli to pyoverdines. Bacteria accumulated on the lower concentration side
of the channel in the first two hours of the experiment, and this asymmetric distribution
was maintained for approximately 5 hours (Fig. 3.16(b)). Then cells started to spread
out across the whole channel, but a visible portion of the cells stayed near to the low
concentration side even after 8 hours. The asymmetry index shows that approximately
65% of the cells swam away from the high pyoverdines concentration side of the channel.
Therefore, we can claim that pyoverdines are mild chemorepellents for E. coli. Although,
the chemotactic response seems to weaken after a few hours the accumulation of cells is
more prolonged compared to the case of pyocyanin. When non-chemotactic mutant cells
were used during the control experiments, bacteria stayed equally distributed over the
channel in the case of both tested compounds, no accumulation occurred (Fig. 3.16).
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The observed chemotactic response to pyocyanin was transient and very similar to
the response to the tested AHL signal molecules. We found a more prolonged, but still
temporary negative response of E. coli to pyoverdines. It is an interesting question what
leads to such transitional responses. It is known that adaptation mechanisms alter the
sensitivity of chemoreceptors and span the useful concentration range in which chemotaxis
works. However, it has not been demonstrated that an adaptation-like process would
lead to temporal chemotactic response. Further studies are needed to reveal the exact
mechanism behind the observed chemotactic responses to L-lysine, AHLs, pyocyanin and
pyoverdines. For example it is not known if any of the four typical chemosensory proteins
of E. coli has an affinity to these compounds. Although, it is known that the SdiA receptor
in E. coli interacts with AHLs, it has not been shown that this a↵ects chemotaxis.

3.3

Interacting bacterial populations in microfabricated environment

Cell-cell communication plays an important role in functional multispecies communities
in nature [70, 152]. Beside the known quorum sensing signaling molecules (homoserine
lactones and oligopeptides [153]), bacteria use toxins (antibiotics and bacteriocins [154]),
antimicrobial peptides [155], amino acids [156], exopolysaccharides [157], or metabolic
waste products (such as indole [158]) as communication signals. These chemical signals
have a key role in the communication of bacterial populations, interacting subpopulations,
and complex population dynamics [111]. We performed co-culturing experiments and
showed that these complex biochemical interactions shape the spatial distribution of
neighboring bacterial populations.
The setup of our flow-free gradient generator microfluidic device provides the opportunity of co-culturing di↵erent bacterial strains in the reservoirs and the central channel and studying their chemical interactions. The populations in the di↵erent chambers
are physically separated from each other, but chemically coupled through the porous
membrane in the device. In this configuration linear gradients of signal molecules and
other secreted biochemical factors may form through the central channel. Due to the
gas permeability of the PDMS, cell cultures growing in the microdevice are continuously
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provided with oxygen from the atmosphere [159, 160]. The physical aspects make our
microfluidic device a versatile experimental platform, where we can study the chemotactic response of bacteria to various chemical compounds, as well as we can culture cells
inside the separate compartments on the long term and study their interactions through
secreted chemical signals. The fast action of the device ensures that chemical factors released by one culture in one of the compartments have an almost immediate e↵ect on the
neighboring culture. This may be especially important in the case of those chemoe↵ectors
which are only produced transiently [161].

3.3.1

Intraspecies interactions between E. coli populations

In our microfluidic device (Fig. 3.10) we cultured E. coli bacteria in one reservoir and
in the central channel at the same time to study the interactions between the two distinct E. coli populations. Non-fluorescent chemotactic E. coli bacteria in nutrient rich
LB medium was loaded into one reservoir. The other reservoir was filled up with motility medium, which lacks carbon resources, but contains essential salts for the cells to
maintain swimming motility for several hours. The central channel contained fluorescent
chemotactic E. coli bacteria in a 1:1 mixture of LB and motility medium.
The multiple dynamic rearrangements of the spatial distribution of bacteria in the
central channel was clearly captured by the kymograph of a representative experiment
(Fig. 3.17(a)), as well as by the plotted asymmetry index (Fig. 3.17(c), blue solid line).
In parallel, we observed a monotonic increase in the overall fluorescence intensity suggesting an increasing cell number during the experiments. Bacteria immediately started to
accumulate on the high nutrient concentration side of the central channel (Fig. 3.17(a)),
and after 20 minutes nearly all cell moved to that side. This asymmetric cell distribution
was steady for 90 minutes, and it was caused by the nutrient concentration gradient across
the channel. LB is a nutrient rich medium, containing aspartate and serine (well-known
chemoattractants for E. coli [15]) which might induce this positive chemotactic response.
After about 90 minutes, we saw a rapid, synchronized relocation of cells to the other side
of the central channel (Fig. 3.17(a)). The majority of cells crossed the channel, however,
there were non-motile bacteria stuck to the surface of the microchip that stayed near
the other E. coli population in the reservoir. The spatial distribution of the cells is also
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shown in Fig. 3.17(b), where the average pixel intensity on the images (corresponding
to the indicated experimental times) are plotted as a function of the distance from the
midline of the channel.
We carried out control experiments with non-chemotactic E. coli cells to verify if
chemotaxis plays a role in the spatial rearrangement of the E. coli population in the central channel (Fig. 3.17(c), grey solid line). We did not observe any bacterial accumulation
on either side of the channel during the whole experiment. However, a slight increase in
the fluorescence intensity was measured on the originally nutrient rich side, suggesting the
growth rate was location dependent due to the uneven distribution of available nutrients
across the channel. This finding shows that there was no complete nutrient depletion in
the reservoir, which contained the non-fluorescent E. coli population. In other control
experiments, where the nutrient rich medium did not contain bacteria, we also observed
the initial accumulation of chemotactic wild-type cells on the nutrient rich side of the
central channel, although, the quick relocation did not happen.
(b)
Average pixel intensity
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Figure 3.17: (a) Kymograph of a typical 4-hour experiment. Background corrected
fluorescence images of the observation channel at representative time points (20 min,
110 min, 210 min). (b) Average intensity profiles measured across the observation
channel at representative time points (60 min, 90 min, 120 min) of the experiment. (c)
Temporal variation of the asymmetry index calculated for the wild type (blue line) and
non-chemotactic mutant (red line) E. coli populations.

Results and Discussion

46

During the time course of the experiment, the nutrients were consumed and metabolic
byproducts were released in the originally nutrient rich reservoir. There are several secreted products of E. coli, such as ethanol, acetate, and indole, which accumulate in batch
cultures and can act as chemorepellents. For example, a similar repulsion phenomenon of
E. coli populations has been observed on agar plates using the chemical in plug method
[162]. The exact chemical signal inducing the negative chemotactic response is not known,
but we speculate that indole may be a good candidate. It is a product of tryptophan
metabolism, and it is produced by E. coli and many other Gram-positive and Gramnegative bacteria. It has been suggested that indole is an intercellular and inter-species
signal molecule [163, 164]. E. coli start to produce indole in the early exponential phase
under nutrient rich conditions, and it may accumulate in concentrations of about 0.6 mM
[165]. At this concentration, indole is a repellent for E. coli [107, 162]. Furthermore, at
this concentration indole does not seem to a↵ect growth, much higher concentrations (>2
mM) are necessary for growth inhibition [106, 166].
All the above mentioned results from other works seem to support the possibility
that indole accumulated in the reservoir with the E. coli population and induced a negative chemotactic response, resulting in the second migrational event in the later phase
of the experiment. This, however, does not exclude the possibility that other chemical
compounds (such as the above mentioned ethanol, acetate) play a role in the observed
chemotactic response. Interestingly, our results suggest that during bacterial growth in
high density cultures the secreted secondary metabolites, such as indole first can act as
repellent, forcing cells to find new resources, secondly if the cell density is very high, the
same secreted product can a↵ect bacterial growth, turning down the growth rate of the
population, and providing advantage for the whole population to survive.

3.3.2

Interspecies interactions between E. coli and P. aeruginosa

In the previous sections we have seen that through chemotaxis E. coli is able sense and
actively respond to several communication signals of P. aeruginosa. What kind of a
chemotactic response is expected, when the chemical content of the environment contains
a mixture of these secreted signals? We addressed this question by co-culturing E. coli and
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P. aeruginosa cells in our microfluidic device and studying how the swimming behavior
of an E. coli population can be influenced by a neighboring P. aeruginosa population.
In the beginning of the experiments P. aeruginosa cells in LB medium were loaded
into one reservoir, while the other one was filled with CB medium. The central channel
was loaded with E. coli cells in 1:1 mixture of the two di↵erent media. After the assembly
of the device we mounted it onto the microscope stage, and we started fluorescence timelapse video microscopy measurements.
The E. coli population showed a dynamic spatial rearrangement, somewhat similar
to that was observed between the interacting E. coli populations. However, we found
distinctive di↵erences between the two experiments on the time scale of the chemotactic
response and the level of cell adhesion. In the first phase of the experiment E. coli
cells accumulated adjacent to the P. aeruginosa population (Fig. 3.18(a,b)). Since a
nutrient gradient formed in the central channel, probably the cells moved along this
attractive gradient. After two hours the cells were fully aggregated at this side of the
channel. We observed that the majority of the E. coli cells right next to the P. aeruginosa
population adhered to the surface of the microdevice. However, after about 4 hours a
small planktonic subpopulation migrated away from the adhered, sessile subpopulation
(Fig. 3.18(a,b)). Interestingly the adhered E. coli cells showed a very high fluorescence
intensity, higher than expected based on the cell number, that made the evaluation of the
asymmetry index in this experiment impossible. Therefore, we decided to use the average
fluorescence intensity across the width of the main channel to represent the dynamics of
the spatial distribution of the E. coli population in the observation channel.
We carried out control experiments with non-chemotactic E. coli cells (Fig. 3.18(c)).
The bacteria did not accumulate next to P. aeruginosa population in the first phase of the
experiment, however, a slight gradual increase in the adhesion of the cells was observed
too. We did not see any en masse migration of a motile subpopulation either. This result
shows that the initial accumulation of the E. coli cells adjacent to the P. aeruginosa
population, as well as the subsequent transmigration require chemotactic capability. We
observed a slight variation of cell density across the width of the channel. This is due to a
di↵erential growth e↵ect (the spatial variation of the growth rate) that is the consequence
of the existence of a nutrient gradient in the channel, showing that there was no complete
nutrient depletion in the reservoir with the Pseudomonas population. Such a di↵erential
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Figure 3.18: Co-culturing experiments showing the interaction of adjacent populations. (a) Fluorescence microscopy images of the E. coli culture in the channel in the
P. aeruginosa – E. coli co-culturing experiment at di↵erent times. The scale bar is
200 µm. (b) Average pixel intensity across the width of the channel representing the
distribution of E. coli bacteria at di↵erent times. (c) Average pixel intensity across the
width of the channel representing the distribution of non-chemotactic E. coli bacteria at
di↵erent times. (d) Average pixel intensity across the width of the channel representing
the distribution of E. coli bacteria at di↵erent times for the control experiment, where
cell–free pure LB medium was loaded into the left reservoir.

growth can be observed for the chemotactic cells too, although, there it is mostly covered
by the strong chemotactic response.
In other control experiments we loaded blank LB media into the one reservoir
without the P. aeruginosa cells, while CB media was on the other side, and chemotactic
E. coli cells were in the central channel (Fig. 3.18(d)). As expected, we saw an initial
accumulation of the cells due to the nutrient concentration gradient, but the subsequent
transmigration to the other side of the channel did not occur. This result rules out the
possibility that the migration away from the nutrient rich side of the channel is caused
by the growing E. coli population itself, and supports the idea that the presence of the
P. aeruginosa population was necessary for the second migration event in our original
experiment.
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We assume that the planktonic E. coli cells exhibited negative chemotaxis in response to compounds secreted by the P. aeruginosa bacteria. E. coli can detect and
respond to numerous metabolic products and communication signals produced by P.
aeruginosa, such as pyocyanin, pyoverdines, AHLs, diketopiperazines [167], Pseudomonas
quinolone signal [168]. Beside of their crucial role in functional multispecies microbial
communitites, these active compounds can also have chemoe↵ector potential, as we have
seen in the case of AHLs, pyoverdines and pyocyanin. In addition to pyoverdines, which
were proved to be repellents for E. coli, there could be other unidentified chemoe↵ectors
that could initiate the observed negative chemotactic response. On the other hand, some
of these secreted chemical compounds can act as attractants, just as the AHL signals or
pyocyanin, thus, in our co-culturing experiments probably we observed a net chemotactic
response to these products with opposite chemoe↵ector potentials.
We observed an increased cell adhesion next to the high-density populations in
the reservoirs both of the E. coli – E. coli, and the E. coli – P. aeruginosa co-culturing
experiments. However, the level of the adhesion was much larger in the second case.
Our observations confirmed the importance of secreted extracellular signaling molecules
in cell adhesion, and as a next step, biofilm formation. It was shown before that E. coli
is able to detect AHLs through SdiA receptor protein, which regulates the expression of
biofilm formation related genes [106]. Although, the concrete e↵ect of the AHL signal
molecules secreted by P. aeruginosa was not yet tested on E. coli biofilm formation. On
the other hand, there must be other processes that played role in the observed increased
adhesion in the E. coli – E. coli co-culturing experiments, because E. coli cannot secrete
acyl-homoserine lactones.
Overall, we could say that our microfluidic device is a suitable and versatile experimental platform to investigate the complex behavior of multispecies microbial communities. Our findings show that interacting microbial populations could profoundly a↵ect
each other through biochemical interactions. Our microfluidic device proved to be an
ideal platform for studying the dynamic pattern formations, which are a result of the
interplay between several chemical clues, even opposing, attractant or repellent e↵ects.
In the light of the results we obtained about the chemotactic responses of E. coli to pyoverdines, pyocyanin and AHL gradients, a population level interaction between adjacent
bacterial colonies may be quite complex.

Chapter 4
Conclusions
Physical interactions between individual cells and their surroundings or adjacent cells can
profoundly shape the swimming behavior of self-propelled bacteria. Moreover, bacteria
can detect and actively respond to numerous environmental signals, such as nutrients,
temperature, pH, toxins, secreted metabolic compounds, communication signals. These
bacterial communication signals can connect multiple microbial communities, and immensely influence microbial swimming behavior too. We used microfabrication technology to create precisely controlled microhabitats, where we studied the physical, chemical
and biological interactions between single cells and microbial communities.
We studied the swimming motility of E. coli cells near microfabricated convex surfaces to elucidate the main mechanisms behind wall entrapment. Our results demonstrate
that the main mechanism for wall entrapment is hydrodynamic in nature, and it involves
a finite swimming angle that keeps the cells in close contact with bounding surfaces. We
found that the entrapment by convex walls is progressively reduced below a characteristic
radius of 50 µm. We also showed that the curvature of the surface can strongly a↵ect colonization by biofilm forming bacteria. Our results suggest that a suitable surface geometry
may inhibit biofilm formation.
We also studied the intrinsic features of the correlated swimming motility of E. coli
bacteria in high-density bulk cultures and in microfabricated chambers. We described the
dynamic swimming patterns in bulk cultures phenomenologically, using Particle Image
Velocimetry techniques. We found that whirlpools, vortices, and jets emerge, translate
and disappear on a timescale of seconds, and the characteristic size of the large-scale
50
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coherent structures is about 10–30 µm. We managed to stabilize the originally fluctuating
swimming patterns of E. coli by using suitably designed microchambers, and we evaluated
the regulated swimming motility.
Beside the mechanical and hydrodynamic interactions, chemical signals can also
deeply impact the swimming behavior of microorganisms. Bacteria usually encounter
these compounds in the form of chemical gradients in their natural environment. We
built a new microfluidic platform to study the chemotaxis response of E. coli bacteria to
several chemical compounds, such as amino acids, quorum sensing signaling molecules,
and secondary metabolites.
In our novel PDMS-based flow-free gradient generator device we are able to quickly
establish stable chemical concentration gradients and maintain them for almost 24 hours.
We demonstrated the usability of this device with well-known chemoe↵ectors. We showed
that the amino acid L-lysine acts as a weak attractant, while L-arginine does not induce
a chemotactic response by E. coli. We found that C4-HSL and oxo-C12-HSL, the canonical quorums sensing signals of P. aeruginosa are chemoattractants for E. coli. The
chemotactic response towards these compounds were found to be transient and diminish
or considerably weaken after a few hours. We have also tested two types of secondary
metabolites produced by P. aeruginosa, which are under quorum sensing regulation. We
showed that pyocyanin is a weak attractant, while pyoverdines are repellent for E. coli.
These chemotactic responses are also transient, similarly to the response to AHLs. Further studies, applying molecular biology techniques, are needed to fully understand the
mechanisms behind these transient chemotactic responses and reveal the molecular background of the detection and response to the communication signal molecules.
In multispecies bacterial communities interspecies interactions may have an important role in the organization and function of the community. To demonstrate this
on a basic level, we performed co-culturing experiments in our new microfluidic device,
and we showed that complex biochemical interactions shape the spatial distribution of
neighboring bacterial populations.
We showed that metabolic products or signaling molecules (i. e. ethanol, acetate,
indole), secreted by an E. coli population growing in nutrient rich environment, act as
chemorepellents and increase the cellular adhesion of a neighboring E. coli population.
We also demonstrated that a P. aeruginosa population produces chemical compounds
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that vastly increase cellular adhesion of an adjacent E. coli population. On the other
hand, unidentified chemorepellents were secreted by the P. aeruginosa population that
induced negative chemotactic response of a small planktonic subpopulation of E. coli.
Our results suggest that communication signal molecules and secondary metabolites connected to quorum sensing could be among the potentially important chemicals that may
act throughout the induction of a chemotactic response between adjacent bacterial populations.
In this work we examined several seemingly distinct biological processes, such
as cell adhesion, chemotaxis and bacterial communication. As all of them significantly
contribute to biofilm formation and bacterial infections, our findings help us to build
a more complex picture and gain a better understanding of these medically important
phenomena. Our results demonstrate the significance of both physical and biochemical
interactions in biofilm formation and bacterial infections and provided further evidence of
the interconnections of chemotaxis and bacterial communication. I think that the future
of science is not simply collecting more and more new but separate pieces of information
about our world. Instead, I believe in gaining a more genuine understanding of the
complexity of life by looking deeper into the connections and interactions between the
known physical, chemical and biological processes. I really hope that our work is one
small, but valuable step towards this holistic approach of scientific research.
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